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Abstract
Effective biomonitoring of aquatic environments is an integral component of ecosystem
protection. The metabolome is an emerging indicator that may have the potential to serve as an
ideal bioindicator due to its intrinsic capacity to detect physiological changes in organisms that
could foreshadow ecosystem change. My thesis consisted of two complementary objectives.
First, the metabolome was evaluated against several established criteria for an ideal bioindicator
and found to have significant potential. Recommendations were also made regarding
implementation of the metabolome into existing biomonitoring programs. Second, the
metabolome of Hexagenia spp. was evaluated as a potential indicator for environmental effects
of naphthenic acid exposure, a primary toxic component of oil sands process waters in the
Athabasca oil sands region. Although further research is needed, the metabolome of Hexagenia
spp. shows potential as an early warning indicator of naphthenic acid stress prior to the onset of
ecologically significant change.
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Chapter 1

1

General Introduction

1.1 Biomonitoring Approaches in the 21st Century

The influence of anthropogenic activities on the condition of aquatic environments has
been well documented (Allan, 2004). For example, excess nutrient additions to agricultural lands
result in eutrophication of aquatic ecosystems (Smith et al., 1999). Increased proportions of
impervious surfaces have changed the hydrologic cycle in urban areas, as well as increasing
pollutants entering streams (Arnold & Gibbons, 1996). Moreover, release of municipal wastewater
introduces a myriad of synthetic compounds, such as endocrine disruptors and antibiotics to the
environment, the precise effects of which are largely unknown (Caliman Florentina & Gavrilescu,
2009). Although it is widely recognized that natural aquatic ecosystems are at risk, the direction
and magnitude of these changes are often unknown. Management agencies thus require tools that
can effectively identify and monitor environmental conditions in order to protect aquatic
environments and the ecosystems services they provide.
Biomonitoring, defined as the use of biological responses to identify and monitor changes
in the environment (Reece & Richardson, 1999), is a method that has been used to quantify and
characterize the magnitude and identity of anthropogenic impacts to stream ecosystems.
Biomonitoring tools traditionally fall under two approaches (Munkittrick & McCarty, 1995). The
first approach is toxicological in nature and examines relationships between stressors (e.g. metals)
and specific biological responses at lower levels of biological organization, such as molecular cell
responses (e.g. biomarkers). At lower levels of biological organization stress responses occur
quickly and can therefore provide early warning signals of adverse effects (Kingett, 1985; Mitin,
1985; Graney & Giesy, 1986 Johnson et al., 1993). In contrast, the second approach assesses
changes at higher levels of biological organization (i.e. population and community levels) that are
then related to a potential underlying cause, such as sewage effluent. Changes at the community
and population levels are considered to be more ecologically relevant than lower levels of
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biological organization (Adams & Greeley, 2000). Both approaches have intrinsic strengths that
are paramount to success in monitoring, however, these approaches are often poorly integrated,
leaving gaps in knowledge and reducing capability for predictive management (Allan, 2007).
While community and population based approaches presents ecologically relevant data,
they lacks the ability to warn of impending change and therefore presents the problem that detected
change has the potential to be irreversible. Conversely, while approaches at lower levels of
biological organization present timely data, indicators often are the result of contaminant exposure,
and do not necessarily have direct causal linkages to changes at higher levels of the biological
hierarchy. Although the biochemical level acts as an early indicator of aquatic stressors, it is
difficult to extrapolate biochemical responses to higher levels of biological organization. Stress
results in alteration of biochemical processes, but may not result in whole organism change.
Therefore, only ecologically relevant changes (i.e. reproduction or growth) are reflected at
population or community levels (Cairns et al., 1993; Munkittrick & McCarty, 1995). On the other
hand, there can be uncertainty in linking cause and effect at the higher levels of biological
organization. Changes at the community or population level may not have direct and observable
links to causative agents or the underlying aquatic stressor (Munkittrick & McCarty, 1995).
Linking biochemical changes in an organism to predictions of fitness and associated population
responses introduces the possibility of predicting large-scale ecological changes before they occur
within the natural environment (Underwood & Peterson, 1988). It is therefore necessary to
integrate both higher level and lower level approaches in order to generate timely and ecologically
relevant biomonitoring data that can be used to proactively manage the condition of our aquatic
ecosystems.

1.2 Environmental Metabolomics

Environmental metabolomics is a rapidly emerging field that aims to relate changes in an
organism’s metabolome (i.e., the composition and relative quantity of various metabolites) to
changes in its surrounding environment (Bundy et al., 2008; Lin et al., 2006; Viant, 2007).
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Metabolomics has been successfully incorporated into toxicology frameworks and used to detect
changes in the metabolome of target organisms (Lin et al., 2006; Viant et al., 2003; Wu & Wang,
2010). Metabolites are produced and consumed throughout thousands of individual biological
processes, and therefore a shift in resource allocation will cause a change in the expression of these
processes, resulting in a change in metabolite concentrations. Therefore, changes in the resource
allocation in response to environmental conditions (and therefore stress) can be detected by
analyzing the resulting metabolome.
Within metabolomics, both targeted and non-targeted analyses are prevalent. Targeted
analyses specifically analyze a suite of metabolites of interest known to respond to stress variables.
In contrast, non-targeted approaches use a more holistic method such that the metabolome is
analyzed as a whole to determine significant changes in the overall status. Despite variations in
data processing, the metabolome is acquired through one of two main methods; mass spectrometry
(MS) or nuclear magnetic resonance (NMR) spectroscopy based sample analysis. Although MS
methods offer greater sensitivity of low concentration metabolites, these methods are restricted to
the analysis of metabolites fitting criterion, such as pKa and hydrophobicity requirements, and
therefore NMR is a more common choice for broad holistic analysis (Pan & Raftery, 2007).
The metabolome has the benefit of being capable of establishing the linkages between
different levels of the biological hierarchy through knowledge of known relationships between the
metabolome and fitness. Relating sublethal responses (i.e. the metabolome) to fitness metrics
ensures that the bioindicators in question are relevant from an environmental monitoring
perspective. Fitness is defined as the ability to survive and reproduce, and therefore has intrinsic
implications for population dynamics and species survival. Changes in specific metabolites can be
related to biological processes involved in organism fitness, such as reproduction and growth, and
therefore a decrease in metabolites associated with reproductive endpoints would suggest an
overall decrease in organism fitness. Using existing knowledge on the often evolutionarily
conserved physiology of organisms allows the generation of population level predictions from
metabolomic data that can be validated with empirical evidence. Once mechanistic linkages are
established within an organism or ecosystem, the metabolome could be applied as an early warning
indicator, where changes in the metabolome are representative of organism stress and predictive
of future population level responses.
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Although use of the metabolome in biomonitoring is not yet widespread, the metabolome
has been shown to be capable of differentiating between ecosystems exposed to differing levels of
human activities. For example, Skelton et al. (2014) elucidated metabolomic changes distinctive
of different effluent sources using caged fathead minnows (Pimephales promelas). Likewise,
Davis et al. (2013) employed the metabolome of fathead minnows in their analysis on the effects
of pulp and paper mill (PPM) effluent in the Great Lakes region, finding significant differences
between exposed and control populations when effluent was being discharged. Additionally, in a
marine environment, Cappello et al. (2013) detected clear alterations of the metabolome of mussels
exposed to environments known to be anthropogenically polluted by different suites of
contaminants. Davis et al. (2016) took an alternate approach, where the metabolome of fathead
minnows was utilized and compared with chemical analyses of potential contaminants and used to
prioritize potential chemicals of concern within the Great Lakes basin. Overall, the metabolome
has seen successfully applied to elucidating environmental impacts, however, to our knowledge, a
thorough evaluation of the metabolome for use in biomonitoring has not been conducted to date.
In order to operationalize the metabolome as a bioindicator it must be tested against a wide
variety of stressors. While commonly used to detect the effects of metals in toxicological
investigations (e.g., (Spann et al., 2011; Wu et al., 2011; Wu & Wang, 2010)), there are several
current contaminants of concern in the environment that the metabolome has not been evaluated
against. One current concern is that of the Oil Sands region in Western Canada, where extensive
oil extraction and refinement operations are conducted. Several contaminants of concern are
present in this area, including polyaromatic hydrocarbons (PAHs), heavy metals, and naphthenic
acids (NAs). In particular, there is currently no specific indicator of sublethal NA exposure.

1.3 Naphthenic Acids and the Environment

The Athabasca Oil Sands region in western Canada contains one of the largest oil sands
extraction operations in the world and is a major producer of oil and subsequently oil sands process
waters (OSPWs). OSPWs are wastes generated by processing of extracted bitumen (a mixture of
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hydrocarbons extracted from the ground), and generally amass a volume up to four times greater
than that of subsequent refined oil products (Kannel & Gan, 2012). The Alberta government
currently has in effect a policy prohibiting release of OSPW to aquatic environments (Giesy et al.,
2010). One implication of this policy is the amassment of large volumes of OSPW with no
definitive plan for disposal or remediation (van den Heuvel, 2015). OSPW are known to contain
three major toxic components; heavy metals, polyaromatic hydrocarbons (PAHs), and naphthenic
acids (McNeill et al., 2012; Pramanik, 2016), with naphthenic acids (NA) identified as the primary
toxic component of OSPW (Verbeek et al., 1993). Naphthenic acids are a natural component of
bitumen, however, NAs become concentrated in OSPWs through the bitumen extraction process
(Headley & McMartin, 2004). Additionally, the formation of metal naphthenates, such as sodium
naphthenate, is favourable in alkali environments (pKa ≈ 5) (A.P.I., 2012). Industry data suggests
that sodium naphthenates (the sodium salts of naphthenic acids) comprise 69 ± 27% of naphthenic
acids in tailings ponds, likely due to the introduction of sodium hydroxide during the extraction
process (A. Alexander-Trusiak, pers. comm., 2017). Due to the large accumulation of OSPW and
the need for a rapid solution to this issue, one proposed plan for OSPW disposal is the release of
OSPW into adjacent waterways. Thus, there is an urgent need for information regarding aquatic
toxicity of naphthenic acids and the development of bioindicators of exposure.
Naphthenic acids are classically defined as a family of saturated hydrocarbons containing
a carboxylic acid functional group and one or more ring structures (typically separated by at least
one carbon atom) (Headley et al., 2009; Headley et al., 2007; Hsu et al., 2000). The chemical
formula for a classical naphthenic acid species is represented as CnH2n+zO2, with n representing
the number of carbon atoms present and z representing the number of hydrogen atoms lost due to
unsaturation (assumed to be due to ring formation in classical NA, but could also be due to
presence of pi bound carbon atoms). In this classical formula, n can be any positive, even integer,
and z can be either zero or any even, negative integer. Classical naphthenic acids, also known as
“O2 naphthenic acids”, have been found to comprise 73.6-82.6% of industrial naphthenic acid
samples (Marentette et al., 2015). The remaining portion generally contain additional oxygen,
nitrogen, and/or sulfur containing functional groups, as well as components of aromaticity or
bridging cyclic structures (Grewer et al., 2010; Jones et al., 2012).
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Naphthenic acid samples are known to be extremely heterogeneous in composition.
Although generally under 500 Da regardless of source, differences in carbon number and Z family
distribution are often apparent between samples, even when characterized from relatively similar
sources (Grewer et al., 2010). Naphthenic acids are known to have varying toxicities, with lower
molecular weight moieties exhibiting lower toxicities than their larger counterparts (Frank et al.,
2008); potentially due to increased carboxylic acid content and therefore decreased hydrophobicity
of the larger molecular weight species (Frank et al., 2009a). In contrast, Jones et al. (2011)
identified toxicity gradients among different individual classes of NAs showing an increase in
toxicity with increasing molecular weight, despite the lack of additional carboxylic functional
groups. Several studies have shown microbial degradation to influence the concentration and
composition, and therefore the toxicity, of naphthenic acid samples, with selective degradation of
lower molecular weight compounds (Holowenko et al., 2002). Due to the differences in toxicity
between naphthenic acid mixtures of varying compositions, the use of commercially derived NAs
as OSPW surrogates for toxicity analysis has been criticized in the literature (West et al., 2011).
Commercially derived samples have been shown to contain much higher portions of acyclic and
single ringed (z=0,-2) NAs, while NAs derived from industry samples typically contain higher
portions of z=-4 to -12 families (Marentette et al., 2015). Naphthenic acid samples have also been
shown to contain various alkyl phenols in trace amounts, which are known estrogen receptor
agonists (West et al., 2011). Due to the vast differences between industrial and commercially
prepared NA samples, characterization of samples used for research purposes is paramount.
Aquatic environments are often at high risk of developing high pollutant concentrations
due to factors such as collection and concentration of rainwater runoff. When considering the
potential threat of naphthenic acids, aquatic environments surrounding oil sands development are
of particular concern, due to their geographical proximity to oil sands operations. Concentrations
of naphthenic acids in OSPW are reported upwards of 120 mg/L (Holowenko et al., 2002). In
natural areas, NAs have been reported surrounding the oil sands in concentrations up to 10 mg/L.
However, recent characterization of a number of sites surrounding oil sands operations by Ross et
al. (2012) argue that concentrations are actually much lower, ranging from less than 2 µg/L in the
Athabasca River to 173 µg/L in sediment pore water. Ross et al. (2012) explain that the variations
in reported concentrations are potentially due to previous studies misclassifying other organic
acids as NAs, and therefore concentrations of naphthenic acids in environmental samples may
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actually be much lower than previously reported (Ross et al., 2012). In addition to being prevalent
in areas where oil refining is occurring, NAs are also used for a variety of industrial applications,
including, but not limited to, use as additives in agricultural insecticides, oil based paints,
lubricating oils, and wood preservatives (Headley & McMartin, 2004). The potential prevalence
of naphthenic acids in the environment is therefore not limited to areas where oil refinement is
occurring, and actually represents a potentially widespread topic of environmental uncertainty.
This further emphasizes the need for ecological knowledge surrounding the effects of NAs,
especially in the case of a potential release of OSPW.
Some research has been conducted on acute toxicity of NAs, however knowledge is still
limited. Naphthenic acid toxicity to four species, fathead minnow (Pimephales promelas),
Cladoceran (Daphnia magna), algae (Pseudokirchneriella subcapitata), and bacteria (Vibrio
fischeri), was recently investigated by Swigert et al. (2015). They found that fathead minnows
were the most sensitive with a 96h LC50 of 5.6 mg/L. A similar comparative analysis of NA
toxicity by Kinley et al. (2016) suggested a 7 day LC50 of 1.9 mg/L for P. promelas, with
invertebrate (Hyalella azteca, Ceriodaphnia dubia, Chironimus dilutes) and macrophyte (Typha
latifolia) species being less sensitive (7 day LC50 values ranging from 2.8 – 56.2 mg/L depending
on species). In an assessment sodium naphthenate toxicity, Dokholyan and Magomedov (1983)
exposed five Caspian fish species and several invertebrate species, including mollusks and worms,
to sodium naphthenate. Based on their findings they concluded that environmental regulations be
set at 0.15 mg/L in aquatic environments to prevent mortality in invertebrate species and at 0.8
mg/L when considering only fish species (Dokholyan and Magomedov 1983). A comparison of
collected toxicity thresholds of a number of compounds similar in structure to naphthenic acids by
Frank et al. (2009b) suggest a range of toxicity thresholds from 0.51 to 27.30 mM in D. magna,
which was successfully predicted through the use of QSAR (quantitative structure activity
relationships). Although acute toxicity information is useful, it does not provide the necessary
context and ecological relevance that sublethal endpoints would address.
There is minimal knowledge regarding how naphthenic acids affect aquatic species at a
sublethal level. NAs were determined to cause deformities in fertilized eggs in P. promelas and
lower reproductive rates (Kavanagh et al., 2012; Marentette et al., 2015); a finding supported in
several other fish species (Marentette et al., 2017; Peters et al., 2007). Sublethal impacts reported
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from studies examining NA exposure in aquatic species have varied with reports of endocrine
disruption (Kavanagh et al., 2012; Scarlett et al., 2012; Wang et al., 2015), increased oxidative
stress (Marentette et al., 2017), liver toxicity (Nero et al., 2006; Scarlett et al., 2012), and disruption
of several energy pathways (Melvin et al., 2013). Due to their surfactant properties, NA toxicity is
currently assumed to be due to disruption of cell membranes, resulting in cell narcosis (Frank et
al., 2009b). However, Frank et al. (2009b) have also identified inconsistencies of this assumption
based on research findings that NA toxicity effects on the bacterium Vibrio fischeri decreases with
molecular size, a finding contrary to what would be expected if a narcotic mode of action was
present (Frank et al., 2008). Based on the knowledge gap presented surrounding the potential
sublethal effects of NA, it is imperative that research be conducted to elucidate these effects.
Metabolomics has shown efficacy in determination of sublethal contaminant exposure
effects and may therefore be suitable for use as a biomonitoring tool in the context of assessing
environmental effects of naphthenic acids. Due to the prevalence of Hexagenia spp. in ecosystems
across North America, including the Athabasca oil sands region, this invertebrate could represent
an ideal organism for monitoring effects of bitumen extractions (Clifford & Boerger, 1974; Miner,
2014). Hexagenia spp. have been shown to have a positive relationship between body size and
fecundity, and therefore the assumption that growth as an indicator of fitness is a viable metric for
population level predictions is applicable, suggesting that this may be an appropriate indicator
species for metabolomic monitoring (Clifford & Boerger, 1974; Giberson & Rosenberg, 1994;
Hunt, 1951). Hexagenia spp. is also often deemed an organism of interest in terms of elucidating
possible community level responses due to its position near the base of the food web as a consumer
of detritus. Therefore, the removal of this organism has potentially strong implications on a
community level as they are often a significant food source for many other aquatic and non-aquatic
species (Miner, 2014). More specifically in relation to its potential as an organism of interest for
monitoring effects of naphthenic acid, mayflies are a burrowing species that consume detritus.
Naphthenic acids have been previously shown to bind to organic matter in sediment, and therefore
the interaction between mayflies and sediment organic content may play a significant factor in
elucidating potentially toxic interactions. Hexagenia spp. also exhibit a fast growth rate and short
maturation period, meaning that changes to growth and fecundity as a result of NA contamination
would appear quickly within the population. Due to its ecological relevance and ideal life history
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attributes, Hexagenia spp. could therefore be suitable organisms for the development of a
metabolomic signature of naphthenic acid exposure for environmental monitoring purposes.

1.4 Goals/Objectives

The goals of my thesis are twofold:
1.

Introduce, describe, and evaluate the potential of the metabolome as a biomonitoring tool

2.

Evaluate the efficacy of the Hexagenia spp. metabolome as a bioindicator of naphthenic
acid exposure

By completing these objectives, I will generate knowledge regarding the usefulness of the
metabolome in biomonitoring, as well as its potential monitoring applications in the oil sands
region. Chapters 2 and 3 each address one these two main goals by addressing a suite of smaller
goals.
Chapter 2: Metabolomics for Biomonitoring: A complete description and evaluation with case
study and recommendations for implementation
1.

Introduce and describe environmental metabolomics from a biomonitoring perspective

2.

Evaluate the use of the metabolome as a potentially “ideal” bioindicator

3.

Make recommendations for implementation of the metabolome into current biomonitoring
approaches

Chapter 3: Case study: The effects of sublethal naphthenic acid exposure on the metabolome of
Hexagenia spp.
1.

Examine the metabolome for changes in organisms exposed to a gradient of predicted
sublethal naphthenic acid concentrations
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2.

Examine the relationship between the metabolome and organism fitness in Hexagenia spp.
by using growth as a surrogate measure of fitness

Ultimately, the completion of this thesis will allow the evaluation of both the theoretical and
practical aspects of the utilization of metabolomics as a biomonitoring tool within current
biomonitoring frameworks.

1.5
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Chapter 2
Metabolomics for Biomonitoring: A complete description and
evaluation with case study and recommendations for
implementation

2

2.1

Introduction

A requirement of effective management, restoration, and protection of aquatic systems is
the collection of ecological information through biomonitoring. Biomonitoring is defined as the
use of biological responses to identify and monitor changes in the environment (Reece &
Richardson, 1999). Tools for biomonitoring traditionally fall under one of two distinct approaches
(Munkittrick & McCarty, 1995).
The first approach examines relationships between stressors and specific biological
responses at lower levels of biological organization (e.g. cell or tissue levels). Responses to stress,
including biochemical and physiological responses of individual organisms, occur quickly at lower
levels of biological organization and therefore provide early warning of potential ecological effects
(Adams et al., 1989). Although responses at lower levels of biological organization act as early
indicators of aquatic stress, it is often difficult to forecast if changes will result in ecologically
relevant effects at population or community levels (Cairns et al., 1993; Munkittrick & McCarty,
1995).
The second approach studies effects of environmental stressors on higher levels of
biological organization (i.e. population and community levels). Changes at the population and
community levels provide a holistic view of the ecosystem and are considered more ecologically
relevant than lower levels of biological organization (Adams & Greeley, 2000). However, changes
at the community or population level may not have direct and observable links to underlying
stressors (Munkittrick & McCarty, 1995). Another criticism of community or population based
assessments is that ecological changes must have already occurred in order to be detected in an
environment, and have the potential to be complex, negative, and irreversible.
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The individual limitations of current bioassessment approaches mean that neither approach
can independently meet all biomonitoring objectives. For example, the population and community
based approaches have successfully been applied for status and trends assessment driven
monitoring, but have proven difficult to apply to causal effect assessments (Brua et al., 2015).
Similarly, biochemical approaches are useful for identifying mechanistic linkages between
stressors and biological responses, but are limited in their ability to predict changes in ecological
status. A proposed solution is integrating these two approaches to address environmental effects
of stressors, by simultaneously monitoring several levels of the biological hierarchy. However,
there has been limited application of such a framework, resulting from the extensive logistical and
financial resources that would be required to monitor the diverse suite of bioindicators needed to
integrate the two approaches. There would thus be benefits to having a single bioindicator that
inherently connects multiple levels of biological organization.
Metabolomics is a method that presents a unique opportunity to address gaps in
biomonitoring approaches by holistically analyzing biochemical responses that are often
precursors to population and community effects. As resource allocation shifts in an organism, these
changes are reflected in the metabolome and have shown to be indicative of changes in observable
organism fitness (Hines et al., 2010; Taylor et al., 2018). As a biomonitoring method,
metabolomics thus has the potential to provide ecological information linking all levels of the
biological hierarchy. Furthermore, information derived from metabolomics can be used in a
similar manner as traditional community-based metrics, while also presenting opportunities for
delineation of mechanistic links between environmental stressors and ecological change. However,
the potential application of metabolomics as an effective biomonitoring tool has not been
rigorously assessed and it is not well recognized by aquatic managers and practitioners as an
alternative to current biomonitoring methods.
The goals of this paper are threefold. First, we introduce and describe the field of
metabolomics and its associated conceptual underpinnings, as well as summarizing the key
methodologies for generating metabolomic data. Second, we evaluate the potential of the
metabolome to serve as an ideal bioindicator. Third, we make recommendations for
implementation and integration of metabolomics within existing frameworks and present a case
study illustrating the potential of the metabolome to assess ecological change.
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2.2

Environmental Metabolomics

Environmental metabolomics relates environmental conditions to an organism’s
metabolome, which is the summation of all metabolites (i.e., small molecules related to
biochemical processes) in a sample present at a given time (Bundy et al., 2008; Lankadurai et al.,
2013; Viant, 2008). Assessment of the metabolome is undertaken through one of two approaches:
targeted and non-targeted metabolomics. Non-targeted metabolomics uses the whole metabolome
to identify differences between individuals or populations exposed to different environments in a
qualitative manner. The metabolome can then be further analyzed to identify specific areas of the
metabolome, and therefore specific metabolites, that are associated with environmental factors.
Targeted metabolomics uses a priori selected metabolites within the metabolome to ascertain
organism response to an environmental stressor (Gowda & Djukovic, 2014). Targeted
metabolomics can either use a qualitative approach where changes are analyzed relative to control
samples or concentrations of individual metabolites can be measured to provide a quantitative
assessment. Although targeted and non-targeted methods are designed to answer different
assessment questions, the approaches utilize similar sampling and analytical techniques.
Samples obtained for metabolomic analyses can range from fluid (e.g. urine, saliva) and
tissue (e.g. liver, muscle) samples to one or more whole organisms. Collection of metabolomic
samples varies widely, particularly in relation to organism size, as some samples may require
organism dissection. Additionally, availability of sample will impact potential analysis techniques,
as some techniques have specific mass requirements. Regardless of preliminary sample collection
methods, samples should be flash frozen immediately to prevent any alterations to the metabolome
(e.g. effects of handling stress on whole organisms, or effects of cell death in dissected tissue).
Metabolite extractions from stored samples follow techniques that are simple and practical to
execute (Beckonert et al., 2007; Lin et al., 2007; Wu et al., 2008) and once extracted, metabolites
can be frozen and archived indefinitely before analysis.
Extracted metabolites are measured by mass spectrometry (MS) or nuclear magnetic
resonance (NMR) spectroscopy. MS methods offer greater sensitivity of low concentration
metabolites, and is thus most commonly used when metabolites of interest are known or predicted
to be of low concentration. Moreover, in cases of large molecules, such as lipids, MS offers
metabolite specificity and therefore higher probabilities of identifying individual metabolites.
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However, MS methods are restricted to analysis of metabolites fitting specific criterion resulting
in a narrower window of analyzed metabolites. This restriction potentially excludes some
metabolites when using non-targeted approaches. In contrast, NMR analyses produce more holistic
datasets and is more commonly used when a whole metabolome approach is required. In addition,
small polar molecules (e.g. amino acids) are more readily identified by their NMR signature.
However, low concentration metabolites are often masked by higher concentration metabolites and
therefore not detected (Pan & Raftery, 2007). Compared to MS, NMR also has the benefit of being
a non-destructive analysis technique, such that the sample can be used for multiple analyses and
also archived for later assessment including MS analyses. Each analytical technique allows several
options to optimize for specific project requirements (e.g. coupling to chromatographic separation
techniques and use of specialized probes) to allow for further control over data produced.
NMR and MS methods produce a spectrum (Fig. 1) containing all of the information
provided by the metabolome. Although the actual data produced differs between NMR and MS,
both spectra are representative of an overlapping set of signals from all metabolites present in a
sample. A MS spectrum is comprised of discrete peaks representing mass to charge ratios (m/z
ratios) of ionized metabolites and spectral peak height is proportional to metabolite abundance at
a specific m/z ratio. In contrast, a NMR spectrum comprises continuous data representing the
relaxation frequencies (Hz) of individual protons, and peak areas are representative of metabolite
abundance. In the case of NMR data, the spectrum is reduced into sample “bins” for data analysis.
In both cases, data is analyzed by common statistical procedures, such as Principal Component
Analysis or Partial Least Squares Discriminant Analysis for non-targeted analysis, whereas more
specific peak finding programs (e.g., Chenomx (Chenomx NMR Suite v8.3 2017)) can be used for
targeted analyses.
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Figure 1: Metabolomic spectra produced by a) Mass Spectrometry and b) Nuclear
Magnetic Resonance Spectroscopy methods
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2.3

Evaluation of Metabolomics as a Tool for Biomonitoring

We evaluated the strengths and weakness of metabolomics as a biomonitoring tool by
applying nine criteria, adapted from Bonada et al. (2006) (Table 1). Criteria were grouped into
three categories: 1) Theoretical considerations; 2) Capabilities and reliability; and, 3) Practical
considerations. For further rationalization of the criteria we direct the reader to Bonada et al.
(2006). Our assessment of the established criteria was based on a review of existing metabolomic
literature. We deemed the metabolome to meet the criteria when all reviewed literature offered
support. If the literature reviewed was equivocal or no literature was available, the criteria was
regarded as needing more research to reach a definitive conclusion. If no support was found in
existing literature, the criteria was assessed as not met.
Based on our evaluation (see text below) of the metabolome as an indicator, we found that
the metabolome meets six of the nine criteria and more research is needed for the four remaining
criteria (Table 1). As such, we conclude that metabolomics is an effective method for use in
biomonitoring.
Table 1: Evaluation of the metabolome as a biomonitoring tool as per criteria established by
Bonada et al. (2006).

MRN indicates that more research is needed to reach a definitive assessment.

Theoretical Considerations
Derived from sound theoretical concepts in ecology
A priori predictive
Potential to assess ecological functions
Capabilities and Reliability
Capable of discriminating overall human impact (i.e., to identify
anthropogenic disturbance) and discriminating different types of human
impact (i.e., to identify specific types of anthropogenic disturbance)
Reliable indication of changes in overall human impact and changes in
different types of human impact
Human impact indication on linear scale
Large-scale applicability (across ecoregions or biogeographic provinces)
Practical Considerations
Simple sampling protocol
Low cost for sampling, sorting, and analysis

Assessment
✓
✓
✓
✓
MRN
MRN
MRN
✓
✓
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2.3.1

Theoretical Considerations of Metabolomics in Biomonitoring
Support for the use of the metabolome as a bioindicator is grounded in classic life history

theory, whereby organism fitness is impacted as it forfeits success in one area (e.g. reproduction)
in favour of success in another area (e.g. growth) when resources are limited (Stearns, 1989). Shifts
in resource allocation alter the expression of various metabolic pathways and the relative quantities
of associated metabolites (Brown et al., 2004; Peñuelas & Sardans, 2009b), theoretically linking
the metabolome to organism fitness. Moreover, the metabolome-fitness linkage has been
demonstrated empirically. For example, Hines et al. (2010) linked metabolite changes in mussels
to decreased organism fitness using scope for growth metrics. Likewise, Taylor et al. (2018)
discovered metabolites predictive of declining reproductive fitness after chronic exposure to
chemicals in Daphnia magna. Although well-grounded in sound theoretical concepts, more studies
would assist to empirically confirm the universality of the linkage between fitness and the
metabolome.
The metabolome is regarded as having potential for a priori predictive capacity of change
at higher levels of biological organization (e.g. population), as individual biochemical adaptations
are precursory to changes in organism physiology and population dynamics (Bahamonde et al.,
2016; Lankadurai et al., 2013). Thus, as a bioindicator, the metabolome has the ability to identify
potential effects of a stressor before those effects become evident in traditional fitness metrics (e.g.
growth and fecundity)(Lankadurai et al., 2013). However, a priori predictions require
identification of mechanistic linkages relating specific changes in the metabolome to fitness effects
before the metabolome can be used for diagnostic assessments of environmental impacts. Taylor
et al. (2018) provide an example of the development of predictive models using the metabolome.
Thus, although the metabolome has clear theoretical potential to be an indicator with a priori
predictive capacity, there is need for additional empirical evidence to determine the metabolic
shifts that generate ecologically relevant changes.
The metabolome is indicative of the cumulative outcome of several biological functions
(e.g. growth, reproduction). All of these biological functions are cumulatively indicative of the
health and behavior of an individual organism (Peng et al., 2015). Moreover, if such metabolome
changes are reflected at a population or community scale, the metabolome could manifest
ecologically as a change in ecosystem function. For example, decomposition in small streams is
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partly controlled by the activity rate of shredding invertebrates. A decline in the rate of shredding
activity due to individual organism response to stress would thus be reflected in metabolomic
changes. To our knowledge there has been no direct evaluation of these linkages, however the
theoretical basis of these assumptions is evident. Therefore, while not a direct functional indicator,
the metabolome is theoretically capable of assessing ecological function.

2.3.2

Capabilities and Reliability of Metabolomics in Biomonitoring

Numerous studies in metabolomics have successfully discriminated changes in overall
human impact through comparisons of impacted and non-impacted sites (Gago-Tinoco et al., 2014;
Ji et al., 2013; Li et al., 2014; Wagner et al., 2017; Wu et al., 2017). Caged mussels were found to
undergo significant metabolic alterations when exposed to an environment contaminated with
industrial petrochemicals (Cappello et al., 2013). Distinct metabolomic responses have also been
found between similar stressors. For example, (Khan et al., 2016) found distinct metabolomes in
Carassius auratus gibelio exposed to lead and cadmium, including an additive effect upon
simultaneous exposure to both metals. Likewise, Skelton et al. (2014) detected differences in the
metabolomes of Pimephales promelas exposed to point and non-point source contamination from
different land use types. These findings indicate that the metabolome can be an effective
bioindicator of overall human impacts and can distinguish between different types of human
impacts.
To be a reliable indicator, changes in the metabolome associated with human impact must
be distinguishable from inherent population variability. Additionally, it is necessary for the
metabolome to exhibit a repeatable response to the same stressor. Several confounding factors (e.g.
age, sex, tissue) can lessen the reliability of results. For example, Lin et al. (2009) found that
effects of chemical dispersants on the metabolome of Oncorhyncus tshawytscha were masked by
variation in age. Wu et al. (2017), also found that mussel response to cadmium was dependent on
life cycle stage. Moreover, metabolomic analyses in mussels showed sex-specific differences in
the basal metabolome and in their metabolomic response to contaminant exposures (Ji et al., 2016;
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Ji et al., 2013). Sex effects in metabolomics have also been observed in sea snails and fish (Lu et
al., 2017; Qiao et al., 2016). Differential responses with varying tissue type is also commonly
observed in the literature as a potential confounding factor to the detection of environmental effects
(Hu et al., 2015; Lin et al., 2009). For example, Li et al. (2014) found differences in the exposed
metabolome of goldfish when heart, kidney, and brain tissues were analyzed, but not liver tissue,
despite liver tissue being a common target organ for metabolomic investigations (Katsiadaki et al.,
2010; Qiao et al., 2016). Seasonal variation in life history factors, such as reproductive cycles,
should be also taken into consideration (Martyniuk, 2018). In addition to within population
variation, several authors warn that between population variation in natural settings may be too
large to permit identification of a consistent biological response to environmental change
(Bahamonde et al., 2016; Bencic, 2015; Martyniuk, 2018; Miller, 2007). However, to our
knowledge no widespread metabolomic studies have been conducted supporting such assertions.
Moreover, Simmons Denina et al. (2015) propose several statistical methods to overcome the
limitations associated with significant between population variability. Research describing the
magnitude and drivers of within and between population variability in the metabolome is needed
to allow design of effective sampling regimes for monitoring programs (Hines et al., 2007;
Martyniuk, 2018; Morrison et al., 2007; Peñuelas & Sardans, 2009a; Viant, 2007).
A linear response in a bioindicator is advantageous because the indicator is capable of
reflecting incremental change across the full range of stressor exposure. Few dose-response
relationships have been derived for the metabolome of aquatic organisms. Santos et al. (2010)
found a linear dose-dependent relationship between copper exposure and the whole metabolome
in mature male stickleback (Gasterosteus aculeatus). Hu et al. (2015) found dose-dependent
responses in female Cyprinus flammans to sublethal copper exposure, however results were not
linear. In contrast, Kovacevic et al. (2016) exposed Daphnia magna to concentration gradients of
three different stressors and did not observe dose-dependent metabolomic responses. It must also
be noted that while linear responses are ideal and certainly show promise for development, not all
stressors have dose-dependent toxic modes of action and therefore a response on a linear scale may
not be achievable for all stressor types.
Bioindicators that are applicable at large spatial scales (e.g. ecoregions or biogeographic
provinces) can allow data comparison and integration for regional to continental scale monitoring
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programs. The metabolome is expected to be applicable across many spatial scales because
metabolic pathways, unless altered by genetic adaptations to habitat difference, should be spatially
conserved (Connon et al., 2012; Gago-Tinoco et al., 2014). However, our literature review did not
uncover any studies that have tested this theoretical relationship. Further efforts should be aimed
at analyzing the metabolome of organisms exposed to similar stressors across large spatial scales.

2.3.3

Practicality of Metabolomics in Biomonitoring

Collection of samples for metabolomic analyses can be undertaken using the same sampling
methods as many biomonitoring tools (e.g. invertebrate communities, fish physiological metrics).
Metabolomic sample collections do not require any specialized skills or equipment aside from a
portable nitrogen dewar for immediate flash freezing of samples. An important consideration,
however, is that some analytical methods have sample mass requirements that may dictate the type
of analysis and instrumentation that can be used to generate metabolomic data. Methods for sample
processing are easily accessible and simple to execute. Ultimately, however, the simplicity of
metabolomics as a biomonitoring tool is comparable to current approaches.
Costs for metabolomic analyses range widely, as total costs depend on the extent of services
required and the method used for analysis. Several commercial and academic laboratories offer
routine metabolomic analyses, with services ranging from simple sample analysis to full project
support throughout the planning stages through to data analysis. Costs for metabolomic services
range from as low as $70 USD for a single untargeted sample analysis to several thousand dollars
for full service metabolomics. Metabolomic analyses do require the use of expensive and
specialized analysis equipment (upwards of $1M USD is required to purchase an NMR
spectrometer or a mass spectrometer). If equipment was available for internal use sample analysis
costs could be reduced dramatically to as little as $5 USD per sample. Most universities have the
instrumentation required for analysis and, therefore, monitoring programs would benefit from
integrated partnerships reducing costs. Additionally, government agencies and universities would
have the resources to overcome initial costs and provide analysis as a service to monitoring
programs. This is similar to biomonitoring tools currently in use (e.g. Canadian Aquatic
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Biomonitoring Network, (Canada, 2012)). Overall, costs associated with metabolomics are
comparable to those of current biomonitoring tools and would not represent a significant increase
in costs.

2.4

Recommendations and Implementation

Our evaluation has demonstrated that the metabolome has many characteristics of an ideal
biomonitoring tool. Moreover, in addition to meeting the identified criteria, the metabolome also
has significant advantages over many current bioindicators including the ability to: 1) link several
levels of the biological hierarchy; 2) be an early warning indicator, and; 3) eventually be used for
causal diagnosis of stream impacts. Although more research is needed in order for the practical
realization of its complete suite of benefits, it is currently operational for use in traditional status
assessments.
Status assessments currently use one of several established approaches, whereby a test site
is compared to one or more reference sites and deviation from reference condition is indicative of
an anthropogenic impact. Some examples of the types of approaches used include
Before/After/Control/Impact and gradient designs (Brua et al., 2015). The overarching theme of
these kind of assessments is to identify a change from reference condition. An illustration of how
the metabolome can be used to identify deviations from reference condition in the context of
currently utilized frameworks is presented below (Textbox 1). In this study, we showed how the
metabolome of Hydropsychidae larvae shifted upon exposure to municipal effluent prior to
recovering to upstream reference conditions at a site more than 100 km downstream.
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Text Box 1: Test of the metabolome as a bioindicator of municipal wastewater effluent
exposure in the South Saskatchewan River
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As a bioindicator the metabolome could thus be rapidly adopted into existing Reference Condition
Approach based monitoring programs by comparing the metabolome of organisms at test sites to
those of reference sites. Recommendations for the operationalization of the metabolome for use in
status assessments include: 1) additional research to identify effective indicator species; 2)
characterization of inherent biological, spatial, and temporal variation in the metabolome at
reference sites; and 3) development of effective monitoring protocols; and 4) generation of
assessment models (e.g. reference condition models) (Biales Adam et al., 2015; Campillo et al.,
2015).
In addition to being useful for status assessments, the metabolome is also increasingly
being used for a variety of other monitoring objectives. Such objectives include environmental
effects monitoring of ecosystem impacts, where the metabolome is often employed in a bioassay
framework. An example of this is a study by Fasulo et al. (2012), who compared the metabolome
of caged mussels in reference and impacted sites, finding differences in the metabolome between
the two sites. The metabolome has also been applied towards the identification of priority
pollutants at an ecosystem scale. Davis et al. (2016) conducted a study of fathead minnow in the
Great Lakes basin where 86 environmental variables were co-analyzed with the metabolomes of
exposed fish, ultimately revealing that only 49 of these contaminants showed covariation with the
metabolome. The metabolome should therefore be considered for environmental protection
capacities in addition to routine monitoring.
Many current bioindicators are limited in their ability to diagnose causes of ecological
change. The metabolome has the potential to be used for causal diagnosis because it is predicted
that stressors will generate unique patterns of change in the metabolome. Utilization of the
metabolome for causal diagnosis thus requires studies to identify associations between individual
stressors and the consequent metabolomic shifts. Indeed, metabolomic data is well suited for
incorporation into adverse outcome pathways frameworks (AOPs), as AOPs map a stressor
response from a molecular initiating event (e.g. carbon monoxide binding haemoglobin), through
its metabolomic shift, to its culminating event at a population level (e.g. reduction in abundance)
(Ankley et al., 2010; Kramer et al., 2011; Lee et al., 2015; Patlewicz et al., 2015). To date, there
are few complete AOPs encompassing a small number of species and stressors, limiting their
diagnostic power within a biomonitoring framework due to the potential of similar responses from
multiple stressors. However, increased uptake of metabolomics in biomonitoring will broaden the
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range of species and stressors for which AOPs exist, and thus enhance confidence in causal
assessments through elucidation of unique stressor specific responses.
Despite the strong promise of the metabolome as a biomonitoring tool, we perceive two
main impediments to operationalization within mainstream biomonitoring. First, organizations
will need to build the capacity for the use of metabolomics. To accomplish this, managers and
scientists must be trained or hired to increase institutional understanding of metabolomic data.
This shift has already begun in toxicology-focused institutions, where metabolomic applications
have been growing steadily for the last 20 years. As uptake of metabolomic methods increase,
understanding and knowledge of the types of data produced will become more commonplace,
steadily increasing the ease of implementation. Second, communication of metabolomic results to
managers, policy makers, and the public may be challenging as metabolomic investigations
involve theoretically complicated concepts not as easily conveyed as currently used population or
community data. Thus, scientists will need to evolve simple and effective terminology to
communicate metabolomic results to stakeholders. Although communication currently presents a
significant challenge, widespread adoption of metabolomics within the biomonitoring community
will lead to generation of common terms that can be used for public communication. These
constraints to operationalization, however, do not represent a lack of scientific capability of the
method, but do represent a lack of institutional capacity that will need to develop in order to
incorporate new methods.

2.5

Conclusions

Ultimately, current approaches in biomonitoring are unable to integrate all aspects of the
biological hierarchy and are therefore incapable of independently meeting all biomonitoring
objectives. Our evaluation of the metabolome as an indicator demonstrates that the metabolome
meets or has the potential to meet all evaluated criteria of an ideal bioindicator. Moreover, the
metabolome has the potential to be used for diagnostic assessment, a benefit not realized by many
currently used indicators. Future research identifying stressor specific responses in the
metabolome will aid in achievement of diagnostic capacities. Based on our evaluation, we
recommend agencies begin to explore the incorporation of the metabolome into their existing
ecosystem assessment frameworks. Such incorporation is not without difficulties, as the complete
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integration of metabolomics into current biomonitoring frameworks would require an institutional
shift in the capabilities of core research groups, however, such shifts are not unprecedented and
should not discourage adoption. Adoption of the metabolome will allow organizations to not only
assess current ecosystem condition, but also place them at the forefront of the evolution of
biomonitoring as metabolomics realizes its intrinsic potential for early warning and causal
assessments.

2.6
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Chapter 3

3

Application of Metabolomics to Testing of Sublethal Effects of
Naphthenic Acids on Hexagenia spp.

3.1 Introduction
The Athabasca Oil Sands region in Alberta, Canada has been an area of environmental
concern since the commencement of bitumen extraction operations in the late 1960’s (Humphries,
2008). A potential source of environmental contamination arising from bitumen extraction are Oil
Sands Process Waters (OSPWs) (Giesy et al., 2010). Regulations currently prohibit release of
OSPWs as they contain several environmental contaminants including polyaromatic
hydrocarbons, heavy metals, and naphthenic acids. However, the large amassment of OSPW in
tailings ponds is leading to increasing pressure from industry to allow release of OSPW to adjacent
waterways. Research is thus needed to discern potential environmental effects of exposure to
individual OSPW components.
Naphthenic acids (NAs) have been hypothesized to contribute significantly to OSPW
toxicity due to their surfactant properties (Frank et al., 2008). NAs are classically defined as a
mixture of saturated hydrocarbons containing both a non-aromatic cyclic component and a
carboxylic acid functional component (Headley et al., 2009; Headley et al., 2007; Hsu et al., 2000).
Although industrial samples often contain a significant proportion of heteroatoms (i.e. sulfur or
nitrogen containing NAs), NA samples are most commonly dominated by species with a single
carboxylic acid functional group (Marentette et al., 2015). As much of the research on NAs has
focused on larger mixtures of these structural components, it is imperative that toxicity of
individual components be elucidated to allow for development of effective toxicity mitigation
strategies and prediction of environmental impacts.
Although little literature exists on the environmental fate of NAs, it is known that NAs sorb
to organic matter in sediment (Janfada et al., 2006). When selecting an organism to act as an
indicator of adverse ecological effects of NA exposure, it therefore follows that the organism
should have interaction with sediment organic matter. Hexagenia spp. is a group of mayflies
(Ephemeroptera) that are prevalent across North America, including the Athabasca Oils Sands
region. The larvae of Hexagenia spp. are burrowing insects that ingest organic material, and thus
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are likely to be directly exposed to NAs in the environment. In addition, these organisms represent
a key species within the ecosystem due to their function as a significant food source for many other
organisms and as such the loss of this species could have significant impacts on aquatic
communities.
Impacts of NAs on the ecology of aquatic ecosystems have been shown in community
composition of phytoplankton (Leung et al., 2003) and bacteria (Hadwin et al., 2006). To my
knowledge shifts in benthic invertebrate community structure as a result of NA exposure have not
yet been assessed despite being a common endpoint for monitoring. However, due to the intrinsic
nature of community level assessments, changes in community composition are only visible after
the effect of the contaminant has already impacted the community and therefore have the potential
to be negative and irreversible. In contrast, the an organism’s metabolome could function as an
early warning indicator of NA stress by highlighting stress within organisms before it is observable
on a community scale.
The metabolome of an organism is an indicator that captures the summation of all small
molecule metabolites, and serves as surrogate for the physiological status of an organism.
Although the metabolome represents the physiological state of an organism, changes in the
metabolome have been previously shown to correlate to observable changes in fitness (Taylor et
al., 2018). Therefore, a change in the metabolome can be indicative of future ecological changes,
which would propagate up the ecological hierarchy (e.g., population and community levels) as a
result. As such, the metabolome of Hexagenia spp. may have the potential to serve as an early
response and ecologically relevant indicator in the detection of environmental effects of NA
exposure.

3.2

Research Questions and Objectives

In response to the need for knowledge surrounding toxicity of NAs to aquatic organisms, I
evaluated a fitness related bioindicator of NA exposure for use in ecological monitoring of NA
effects in aquatic ecosystems. I related changes in the metabolome and in fitness of the larval stage
of a common aquatic insect, Hexagenia spp., to a gradient of NA concentrations to determine
ecologically relevant toxicity thresholds of NA exposure. Additionally, by relating the
metabolomic profile to the overall fitness of Hexagenia spp. the knowledge gained from this study
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contributes to predictions of potential population level effects. To achieve this goal, I answered
the following two questions:

1. Is there an association between the concentration of NAs in water and the metabolome of
Hexagenia spp.?

Prediction: The concentration of NAs in the stream environment will be associated with changes
in the metabolome of Hexagenia spp.. Current knowledge regarding NA toxicity supports a
narcotic mode of action (Frank et al., 2009) and therefore it is also predicted that the observed
change in metabolome will exhibit increases in metabolites associated with cell narcosis.
Additionally, based on observed sublethal changes in other aquatic species, it is predicted that
metabolites associated with endocrine disruption, oxidative stress, and disruption to energy
metabolism pathways will see change in expression though examination of the metabolome
(Marentette et al., 2017; Melvin et al., 2013; Wang et al., 2015).

2. Are observed changes in metabolome of Hexagenia spp. correlated with the observed
fitness (i.e., growth) of the organism?

Prediction: Mayflies exposed to greater naphthenic acid concentrations will have a lower overall
growth rate compared to those in the control treatment. This prediction is supported by the finding
that tadpoles showed reduced growth when exposed to sublethal concentrations of naphthenic
acids (Melvin et al., 2013). Since cells are expected to undergo stress associated responses, this
would suggest that more resources will be required to maintain normal body function through the
replacement of affected cells, and therefore less energy would be available for growth in
individuals exposed to NAs and these individuals will have to rely on previous energy stores for
survival.
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3.3

3.3.1

Methods

Hexagenia spp. Collection and Culture

Hexagenia nymphs used in this experiment were cultured from eggs collected in June 2016
at the mouth of Lake St. Clair (42° 20' 22.1" N 82° 55' 51.6" W), near Windsor, Ontario, Canada.
Eggs were collected in the evening by manually collecting sexually mature females. Females were
removed from outdoor surfaces and placed in a large, plastic Ziploc™ bag containing culture water
(dechlorinated tap water (Burlington, Ontario)) and a pinch of facial clay to prevent eggs from
clumping together. Bags were shaken to allow the eggs to dislodge from the bodies of the females.
Thirty individuals were placed in each plastic bag and allowed to remain in the water at room
temperature overnight. The following day, female carcasses were removed from the bags and the
bags were resealed. Eggs were stored in culture water at room temperature for 6 days, followed by
14 °C for 6 days, and eventually at 4 °C for a maximum of one year before use.
Hexagenia were cultured at the Environment and Climate Change Canada laboratory in
Burlington, Ontario, Canada. Culture tanks were washed with Extran, 20 % HCl, and thoroughly
rinsed prior to use. Culture sediment (7.3 % TOC) was composed of sediment collected in June
2016 from the Long Point Marsh and stored at 4 °C. Prior to use, sediment was filtered through a
250 µm sieve to homogenize sediment and remove any extraneous biological material. Each
culture tank was lined with approximately 2 cm of sediment, filled with culture water, and warmed
to 24 °C. Twenty milliliters of food mixture (4 g ground Tetramin™, 3 g yeast, and 3 g cereal
grass in 100 mL distilled water) was added to each tank 24 hours prior to animal addition. Three
hundred hatched individuals were placed in each tank, and allowed to settle before gentle aeration
began 1 hour later. Cultures were fed weekly, each culture tank receiving approximately 0.8 g of
food mixture every 7 d. Individual Hexagenia were 6-8 weeks of age at experiment start. Ages of
individuals were randomized among treatments.
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3.3.2

Sodium Naphthenate Characterization

Sodium naphthenate was purchased from TCI Chemicals America (Portland, Oregon,
USA) and characterized by mass spectrometry. Analyses found the purchased naphthenate
mixture to contain 99.8% O2 species, with the remaining 0.2% comprised of S5 species. The sample
ranged in carbon number from 8 - 22, with 1.5 - 7.5 O2 DBE (Fig. 2). The sample also contained
a significant amount of octanoic acid relative to other species (more than 2.5 times the relative
intensity of the next greatest species).
Experimental concentrations of sodium naphthenate were generated by a process of serial
dilutions. Sodium naphthenate was first dissolved to create a stock solution of verified
concentration (55.73 ± 5.18 (SD) mg Na-NA / L). Stock solution was added to microcosm tanks
to achieve desired concentrations (0 µg/L, 0.0001 µg/L, 0.001 µg/L, 0.006 µg/L, 0.01 µg/L, 0.04
µg/L, 0.08 µg/L, 0.1 µg/L, 0.4 µg/L, 0.8 µg/L, 1 µg/L, 6 µg/L, 10 µg/L, 60 µg/L, 100 µg/L).
Concentrations were chosen based on preliminary data of acute naphthenic acid toxicity to
mayflies (Unpublished data, Alexander-Trusiak et al.). For low concentrations where one serial
dilution would be insufficient to achieve the desired concentration, stock solution was diluted to
create a lower concentration stock solution from which precise quantities were measured and
added to microcosms.
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Figure 2: Structural distribution of O2 sodium naphthenic species in standard sample
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3.3.3

Experimental Procedures
Prior to the beginning of the experiment, all microcosms (2 L jars) were washed with

Extran and 20% HCl. Microcosm sediment was collected from Long Point, Ontario, Canada in
June 2016 and stored at 4 °C and consisted of a mixture of sediments collected from Long Point
Marsh and Long Point Bay to achieve a total organic carbon content of 2 %. 250 mL of microcosm
sediment was added to each microcosm, followed by the addition of 1.2 L culture water. Sediment
was allowed to settle in the microcosm for 24 hours before the addition of specified volumes of
sodium naphthenate stock solution. Microcosms were assigned to one of fifteen different
concentrations of sodium naphthenate ranging from 0-100 µg/L (0 µg/L, 0.0001 µg/L, 0.001 µg/L,
0.006 µg/L, 0.01 µg/L, 0.04 µg/L, 0.08 µg/L, 0.1 µg/L, 0.4 µg/L, 0.8 µg/L, 1 µg/L, 6 µg/L, 10
µg/L, 60 µg/L, 100 µg/L). Four microcosms were assigned to each treatment concentration (N =
60 microcosms) with 18 mayflies randomly assigned to each microcosm (N = 1080). Post sodium
naphthenate addition, microcosms were aerated to >90% dissolved oxygen saturation for 6 days
prior to experiment start. After the 6-day period, aeration was stopped to allow addition of 18
mayflies and then restarted 1 hour after addition. Individual mayflies were massed in groups of 9
to allow for growth determinations prior to placement in the randomly assigned microcosm.
Microcosms were placed in a temperature-controlled chamber at 24°C for the duration of
the 21-day exposure period. Each microcosm was aerated consistently to ensure adequate
dissolved oxygen, and exposed to a 16h:8h light:dark cycle. Microcosms also received 50 mg of
culture food mixture once weekly to prevent starvation. Specific conductance (µS/cm2), pH,
percent dissolved oxygen (DO) and DO concentration (mg/L) was monitored weekly (4 times in
total) in each microcosm using a YSI probe.
At the conclusion of the exposure period, each microcosm was removed from the growth
chamber and individual mayflies were separated from exposure sediment. The surviving mayflies
were counted and massed as a group to allow for mean growth determinations. The surviving
individuals were then split into two groups (n = 9,8, or 7 individuals dependent on survival; no
significant relationship to treatment level) to ensure sufficient mass for tissue extraction and NMR
metabolomics. Each group was placed in a cryotube, flash frozen in liquid nitrogen and stored at
-80 °C until tissue extraction.
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3.3.4

Tissue Extraction
Whole groups of nine mayflies were used for tissue extraction. Mayflies were lyophilized

overnight and subsequently homogenized using a Precellys homogenizer. 10 mg (dry weight) of
ground tissue was added to a 2 mL Eppendorf tube. Tissue samples were extracted using a 2:2:1.8
chloroform:methanol:water extraction (Viant 2007). Ice-cold methanol (0.6 ml) and ice-cold
Millipore water (0.27 ml) were added to each sample and then vortexed three times for 15 seconds,
followed by centrifugation at 13,400 rpm for ten minutes. The supernatant was then collected and
transferred to a new Eppendorf vial, where ice-cold chloroform (0.6 ml) and ice-cold Millipore
water (0.27 ml) was added. Samples were vortexed for 60 s, allowed to partition on ice for ten
minutes, and centrifuged at 13,400 rpm for 10 minutes. The methanol (upper) and chloroform
(lower) layers were then removed and placed into separate Eppendorf tubes. Solvents were then
evaporated using a Speedvac Concentrator (ThermoScientifc), and subsequently stored at -80 C
until resuspension in appropriate solvent (sodium phosphate buffer for polar metabolites and 2:1
chloroform:methanol mixture for lipophilic metabolites) for NMR analyses.

3.3.5

NMR Spectroscopy

NMR analyses were completed on both the polar and lipophilic fraction of the metabolome.
All 1H 1D NMR spectra were acquired at 298 K using a Bruker Avance 600 MHz spectrometer
equipped with a 5 mm broadband probe and operating at 600.17 MHz. The instrument was locked
to the appropriate deuterium resonance (D2O for polar metabolites, Methanol-d4 for lipophilic
metabolites), tuned, and shimmed prior to each spectral acquisition.
Polar metabolites were resuspended in 0.75 mL 100 mM sodium phosphate buffer (pH =
7.0) with 3 mM NaN3 added as a preservative. Trimethylsilylpropanoic acid (TMSP) was added
to the buffer as an internal standard. Samples were vortexed for 60 s, centrifuged for 5 minutes,
and 0.6 mL of resuspended solution was then placed immediately in a 5 mm NMR tube for
analysis. An excitation sculpting pulse sequence (Bollard et al., 2005) with a 60 pulse was used
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to maximize water suppression. Data were acquired with a relaxation delay of 2 s, spectral width
of 9615.385 Hz, and 128 scans. Data were then Fourier transformed, phased, baseline corrected
using a polynomial baseline correction, and referenced to TMSP. Spectra were processed with LB
= 0.3 and zero filled to 32768 data points.
In addition to standard analysis of the polar metabolome, a second analysis was conducted
in order to investigate the role of enzyme denaturation on the metabolome. Schock et al. (2016)
have shown that adding a five-minute heating step to the sample preparation regime post
resuspension and prior to analysis stabilized the metabolome. Additionally, it was demonstrated
that several metabolite abundances were altered during the heating process. This analysis was
therefore conducted on samples identical to the non-heated polar analysis in order to uncover any
significant metabolite changes potentially overshadowed by increased inter-sample variability.
Lipophilic metabolites were resuspended in 0.75 mL 2:1 chloroform-d:methanol-d4
mixture containing 0.5 mM tetramethylsilane (TMS) as an internal standard. Samples were
vortexed for 60 s, centrifuged for 5 minutes, and 0.6 mL of resuspended solution was then placed
immediately in a 5 mm NMR tube for analysis. A standard 90 pulse acquire sequence with a 2.7
s acquisition time and 3 s relaxation delay, 128 scans, and 12019.230 Hz spectral width was used.
Data were then Fourier transformed, phased, baseline corrected using a polynomial baseline
correction, and referenced to TMS. Spectra were processed with LB = 0.3 and zero filled to 65536
data points. All spectra were integrated and normalized to the area of the standard peak (TMSP or
TMS) (Viant, 2003).

3.3.6

Statistical Analysis

Statistical analysis was completed with Systat and MetaboAnalyst software. Prior to
binning, spectrally visual outliers were excluded from analysis. Remaining samples were
transformed with a general log transformation (Parsons et al. 2007), and binned from -1 to 10 ppm
into 0.005 ppm wide bins for data analysis. Following binning, samples were analyzed via PCA
by MetaboAnalyst (Xia and Wishart, 2016). PCA scores along component 1 and 2 were then
further analyzed in Systat with a General Linear Model to assess significance below p=0.1. If
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significant, components were then subjected to Tukey’s post-hoc pairwise test to determine
significant differences between individual concentrations. Growth and survival data were analyzed
in Systat using an ANOVA to assess differences between control and treatment groups.

3.4

3.4.1

Results

Physicochemical Parameters
Measured water parameters were not different between treatments. Water temperature in

the microcosms was an average of 22.5 °C (maximum = 22.8 °C, minimum = 21.9 °C). Dissolved
oxygen was an average of 101.2%, ranging from 88.4% - 119.2%. Temperature and dissolved
oxygen values did not exhibit any trends throughout the duration of the experiment. Specific
conductivity was an average of 450.2 μS/cm2, ranging from 360.1 μS/cm2 to 546.0 μS/cm2.
Specific conductivity generally increased with time for all treatment levels. pH in the microcosms
was an average of 8.17, ranging from 7.92 to 8.37. pH decreased between Day 0 and Day 7 in
treatment levels, but did not exhibit any trends in the following two weeks. Overall, there were no
trends in water chemistry which distinguished any treatment from the control (Figure 3).
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Figure 3: Monitored water chemistry parameters in each of the microcosms throughout the
study period: centre point represents the average and error bars represent the range of each
parameter; concentration code refers to C1-C15, with C being the control and C15 being
0.1mg/L
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3.4.2

Survival and Growth
Individual mayflies weighed an average of 15.92 mg at the beginning of the experiment.

Throughout the duration of the exposure, each mayfly gained an average of 1.09 mg per day,
resulting in an average mass of 38.78 mg at the end of the experiment. No differences in growth
were observed between treatment levels (p=0.909) (Figure 5). One-way ANOVA of survival
between control and high exposure treatments showed no difference in survival between
treatments (p=0.224).
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Figure 4: Average Hexagenia spp. mass gained (mg / individual) over the 21-d exposure to
varying concentrations of sodium naphthenate, dots represent average mass gained and
error bars represent standard deviation
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3.4.3

Polar Metabolome

Removed outliers for the non-heated aqueous analysis included 3A (C6), 36A (C4), 46B
(C8), 11A (C7), 26B (C9), and 25A (C7). No statistically significant separation was observed in
the non-heated aqueous metabolome along PC1 (p=0.125) or PC2 (p=0.625) (Figure 6). Removed
outliers for the heated analysis included 5A (C13), 5B (C13), 13A (C11), 13B (C11), 14B (C12),
25A (C7), and 51A (C15). No significant relationships were found along PC1 (p=0.234) or PC2
(p=0.741) when heated samples were used.
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Figure 5: Polar metabolome PCA scores plot utilizing non-heated analysis method; numbers
represent exposure concentrations from C1 (0 mg/L) to C15 (0.1 mg/L)
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PCA analyses to compare heated and unheated metabolomes revealed almost complete
separation of the two sets of metabolomes along PC2 (p<0.001), but not PC1 (p=0.824) (Figure7).
47% of the total variation was explained along the first two PCs, with the first component
explaining 28.5% of variation, and the second component explaining 18% of the variation. PLSDA analyses revealed complete separation along component 1 (Q2=0.90 after 1 component with
an accuracy of 98.7%, 0.94 after 2 components with an accuracy of 99.6% when classifying via
LOOCV).
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Figure 6: PCA scores plot comparing the heated and unheated polar metabolome
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3.4.4

Lipid Metabolome
Outliers removed from lipid analysis include 2A (C9), 7A (C3), 13A (C11), 13B (C11),

14B (C12), and 15A (C10). The first two principal components explained 36.4% of the total
variation, with PC1 explaining 28.6% and PC2 explaining 7.8%. General linear model analyses
indicated differences among treatment levels in the lipid metabolome along PC2 (p=0.069), but
not PC1 (p=0.930). Tukey’s pairwise comparisons show a significant difference between the
control and the highest exposure level (p=0.088). No other individual concentrations were
significantly different from the control or from each other along PC2.
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Figure 7: Lipid metabolome PCA scores plot; yellow fill represents treatments which are
significantly different from each other; numbers represent exposure concentrations from C1
(0 mg/L) to C15 (0.1 mg/L)
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3.5

Discussion

Results of this investigation revealed what could potentially be the beginning of a threshold
response of the lipid metabolome of Hexagenia spp. to naphthenic acid exposure. Specifically, the
lipid metabolome of Hexagenia spp. did not respond below a naphthenic acid concentration of 0.1
mg/L. However, exposure to a naphthenic acid concentration of 0.1 mg/L caused a significant
change in the metabolome in comparison to the control. The change in the lipid metabolome was
observed only at the highest concentration tested suggesting that a stress response may be
beginning to occur and therefore a concentration of 0.1 mg/L may represent the beginning of a
threshold concentration for initiation of physiological changes. While previously reported
concentrations suggest lethal doses for other aquatic organisms at much higher concentrations
(0.15 - 56.2 mg/L, (Dokholyan & Magomedov, 1983; Kinley et al., 2016; Swigert et al., 2015)),
my finding suggests that physiological changes may begin at substantially lower concentrations.
Despite a change in the lipid metabolome of Hexagenia spp. exposed to sublethal
naphthenic acid concentrations, a corresponding difference in growth was not observed. An
implication of my observation is that, while there is a change in the metabolome, this does not
translate to a decrease in observed fitness at the tested concentrations. As such, changes in the
metabolome at exposure levels of 0.1 mg/L may not have an ecological consequence. The fact that
lipid metabolome has demonstrated a potential threshold response while growth remained
unchanged suggests a lag between when effects are visible in the metabolome and when effects
have observable ecological consequences. In terms of management, the gap between a
metabolomic response and an observable fitness response would allow for the metabolome to serve
as an early warning of ecologically relevant effects before they occur. Early warning indicators are
critical tools as they increase potential for management actions to be effective at mitigating
ecologically relevant effects such as population decline effects. Future research is needed to
determine if greater environmental naphthenic acid concentrations have a fitness consequence for
mayflies and to elucidate the difference in thresholds between changes in the metabolome and
changes in fitness.
In contrast to the lipid metabolome, the polar metabolome of the exposed Hexagenia spp.
did not respond to a naphthenic acid concentration at or below 0.1 mg/L. Different responses from
the lipid and polar metabolomes may be related to the toxic mode of action of naphthenic acids.
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Naphthenic acids have been hypothesized to cause membrane disruption due to the surfactant
properties of naphthenic acids (Frank et al., 2009). Membrane disruption as a principal toxic mode
of action would align with the observed change in the lipid metabolome occurring before the polar
metabolome. Membranes are primarily composed of lipid molecules, therefore it follows that the
lipid metabolome would be faster responding if membrane disruption is the actual mode of toxic
action. Based on this finding the lipid metabolome may be a more effective early warning indicator
for monitoring the effects of naphthenic acids on aquatic ecosystems. Moreover, the finding that
the lipid and aqueous metabolome react differently to the same exposures highlights the
importance of choosing appropriate indicators, especially in consideration of the fact that the lipid
metabolome is employed less often than the polar metabolome.
In addition to the traditional unheated approach polar metabolome samples were prepared
following a modified heating protocol designed to denature enzymes and increase sample stability.
Although both methods provided the same answer to the question, the data was not comparable
between methods. When analyzed via PCA, the two methods produced two distinct clouds in
ordination space. If data was to be used to create a reference condition, variation in methods would
add unnecessary variability into the reference condition. It would follow therefore, that while a
sample may be “out of reference” according to its analysis method, it may appear as “in reference”
if several different methods were used to define the reference condition. Additionally, if a sample
is analyzed using one method, it will not be comparable to reference data produced using the
alternate method. This finding demonstrates a need for development and adoption of standard
biomonitoring protocols so that data from multiple research groups can be compared.
Two environmental factors may have mitigated toxicity during this experiment beyond
what was observed in the LC-50 tests from which I derived my test concentrations. First, it has
been shown that naphthenic acids bind organic matter in a preferential manner as Janfada et al.
(2006) found that naphthenic acids with carbon number ranging from 13-17 showed preferential
sorption to sediment. My experiment utilized sediment with a TOC of 2%, suggesting that
sediment binding could be influencing the observed toxicity to Hexagenia spp. by reducing the
bioavailability of naphthenic acids. Second, the presence of abundant food has been shown to
mitigate toxicity of several contaminants and therefore could have assisted the mayflies to tolerate
the toxic effects of naphthenic acid exposure (Beketov Mikhail & Liess, 2009; Conley et al., 2011).
Future assessments of naphthenic acid toxicity should consider cumulative stressors, such as
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limited food availability and additional contaminants. Overall, this study provides a baseline for
potential thresholds of safe release, however further research is needed to completely elucidate the
environmental effects of naphthenic acid exposure on the environment.
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Chapter 4

4

General Discussion

4.1 Summary
The overall goal of my thesis was to theoretically evaluate and empirically test the
capabilities of the metabolome as a bioindicator for biomonitoring purposes. To accomplish this,
my study had two components. First, an assessment of the suitability of the metabolome as an ideal
bioindicator for environmental monitoring applications, and second, a test of the suitability of the
metabolome as a bioindicator of naphthenic acid exposure for use in the Athabasca Oil Sands
region of Western Canada.

4.1.1

Evaluation of the Metabolome as a Bioindicator

The first goal was accomplished through a thorough evaluation of available literature
pertaining to current knowledge of metabolomics and its capabilities in an environmental context.
Current biomonitoring goals present a need for a biomonitoring tool that is integrative of all levels
of the biological hierarchy. While current methods have shown effectiveness at detecting change
in aquatic environments, there are methodological limitations that prevent a holistic understanding
of the ecosystem. Current methods generally fall under two approaches; top down methodologies
which observe changes at a higher (e.g. community) level and aim to discern precursory changes
at lower (e.g. biochemical) levels, and bottom up methodologies which observe changes at lower
levels and aim to relate them to potential changes at higher levels (Munkittrick & McCarty, 1995).
However, due to limitations of each approach, neither is capable of being fully integrative of the
biological hierarchy, resulting in knowledge gaps and reduce capacity for management due to often
poor integration of available tools (Allan & Castillo, 2007). To address this problem I evaluated
the metabolome against nine criteria deemed to characterize an ideal bioindicator (Bonada et al.,
2006).
I found that the metabolome, although not widely used as a bioindicator in biomonitoring,
has significant potential for biomonitoring. The metabolome as a bioindicator is capable of

63

integrating biochemical responses with population level changes, overcoming a key limitation of
many currently used methodologies. Moreover, I found that the metabolome has met or has the
potential to meet all defined criteria for an ideal bioindicator.
The use of the metabolome is derived from sound theoretical concepts in ecology, as it is
based in classic life history theory. Indeed, studies have demonstrated that as changes in resource
allocation occur as a result of physiological compensatory processes, relative metabolite
abundances shift and these shifts are captured in spectral differences in the measured metabolome.
It has recently been shown that this linkage is not only theoretical, and that changes in the
metabolome can be predictive of chronic fitness effects (Taylor et al., 2018). Although further
research is needed to elucidate metabolomic pathways relevant to ecological change, the
metabolome is often regarded as having a priori predictive capacity.
The metabolome is also capable of assessing ecological function within an ecosystem
through knowledge of known ecological interactions. The metabolome has also shown capability
in discriminating overall human impact and between different types of human impact (Skelton et
al., 2014), although the reliability of such capabilities is yet to be determined due to limited use.
Some stressors have shown linear metabolomic responses, which is often ideal for an indicator for
biomonitoring purposes. Large scale applicability, while it has not been directly evaluated, is
theoretically possible for the metabolome, as several evolutionary responses are conserved among
different taxa.
Practically, the metabolome as a bioindicator represents little further expenditure with simple
protocols that can be further simplified through the use of external analysis and interdisciplinary
collaboration. Furthermore, the metabolome has the capacity to become an early warning and
diagnostic indicator of ecosystem stress. However, the advancement of the capabilities of the
metabolome is dependent on increased adoption and use. As the metabolome has theoretically
and/or empirically shown to be capable of such benefits in addition to the established criteria for
an ideal bioindicator, I concluded that the metabolome should be readily adopted into current
biomonitoring programs.
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4.1.2

The Metabolome as a Bioindicator of Naphthenic Acid Exposure
The second goal was accomplished through the use of a microcosm experiment where

Hexagenia spp. were exposed to low concentrations of sodium naphthenate for a three week
period. This study addresses the looming environmental problem caused by the large amassment
of OSPW in tailings ponds and a current lack of direction regarding disposal or remediation.
Knowledge is therefore needed into potential environmental effects of OSPW release to aquatic
ecosystems. Naphthenic acids are considered the main toxic component of OSPW, and as such
were assessed for exposure thresholds to provide direction for managers in the case of future
release to the environment. As my thesis has demonstrated that environmental metabolomics has
potential for biomonitoring, the metabolome was used as an indicator of exposure for mayflies to
naphthenic acids in a controlled laboratory microcosm environment.
Following exposure, the cumulative metabolome of several groups of individuals were
analyzed in order to determine metabolomic changes resultant from naphthenic acid exposure. The
lipid metabolome showed a significant effect of exposure at the highest tested concentration (0.1
ug/L). However, the polar metabolome showed no indication of biochemical changes in exposed
mayflies at the same tested concentrations. Moreover, no differences were seen in growth or
survival at any concentration. Disruption of lipid bilayers has been proposed as a principal method
of toxicity for naphthenic acid (Frank et al., 2009). The conclusion that the lipid metabolome
responds prior to the polar metabolome therefore aligns with its proposed toxic mode of action.
Findings of my research demonstrate that the metabolome, when employed
comprehensively, can function as a bioindicator of potentially adverse effects in the Athabasca Oil
Sands region. More specifically my findings suggest that the lipid metabolome could be used as
an early warning indicator of exposure to naphthenic acids. My work provides key insights into
effective implementation of the metabolome for biomonitoring, both generally and specific to
assessment of naphthenic acid exposure. Foremost, although the polar metabolome is the most
commonly utilized portion of the metabolome, my result indicates that it is not always the first
metabolome to respond. Specific to effective monitoring of naphthenic acids, my research
indicates that more research is needed to elucidate concentration thresholds at which naphthenic
acid exposure measurably impacts fitness. However, it has identified the potential for using the
lipid metabolome as an early warning indicator of pending effects on organism fitness and
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associated population effects. Such knowledge can be applied to managing expected adverse
outcomes of naphthenic acids before they occur in the natural environment.

4.2

Applications and Recommendations

My findings show that when considering the metabolome for biomonitoring, it is important
to consider the benefits of applying multiple complementary indicators. Although the polar
metabolome is most commonly used, the lipid metabolome may in fact be more sensitive or faster
responding in situations where the toxic mode of action of a contaminant preferentially effects
lipids. When used together, the two metabolomes may represent a more holistic and effective view
of ecosystem impacts. Additionally, if both metabolomes are not analyzed, it is important to
consider the toxic mode of action of any stressor of interest. For example, if a stressor impacts
mainly lipids, or lipids first, changes to organism fitness might not be observable in the polar
metabolome (as demonstrated in the case of naphthenic acid toxicity to mayflies). Knowledge of
traditionally utilized biomonitoring data alone therefore may not allow metabolomic data to be
utilized to its maximum potential. While multiple indicators generally represent significant
external expenditure, the combination of the polar and lipid metabolome is quite intrinsic as a
single extraction will provide both metabolomes. As such, when considered in the context of
practicality in biomonitoring, the combination of the polar and lipid metabolome represent
multiple indicators that are more practical in comparison to the combination of several other
indicators (e.g., algae and invertebrate communities).
I recommend that regional monitoring frameworks adopt metabolomics with input and
recommendations from toxicologists. In order for the metabolome to be practically capable of its
theoretical benefits, it is important to foster interdisciplinary collaboration. While ecologists have
knowledge of sentinel species and their life history patterns, they may not be fluent in the
organismal biochemistry required to elucidate the mechanisms responsible for observed declines
in fitness. Conversely, while toxicologists excel at elucidating biochemical responses to
contaminants, they may not have a full understanding of which species are relevant from an
ecosystem monitoring and health perspective. Individually, the metabolome is capable of detecting
change both in field and laboratory settings. However, if these disciplines were to see increased
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integration, the diagnostic capability of the metabolome would be much easier to realize on a
practical scale. If a difference is detected in routine biomonitoring assessments, the metabolomic
pattern of change could be compared to distinct stressor fingerprints. This would allow causal
predictions of toxicant stress to existing environmental (e.g., water chemistry) data. For this
integration to occur, I suggest the development of a shared database between toxicologists and
biomonitoring associations such that collected data can be effectively utilized by all stakeholders.
In addition to fostering interdisciplinary collaboration, I also recommend that it is
important to foster collaboration among monitoring agencies. Although inherent variability in the
metabolome has been recognized (see Chapter 2), there has been little recognition of the potential
variability introduced by different analytical methods. Although a large interlaboratory
comparison exercise concluded that data collaboration between laboratories is robust, the study
utilized the same extraction and sample preparation procedure at each different location (Ward et
al., 2010). A comparison of heated versus unheated metabolomic samples in Chapter 3 of my thesis
clearly demonstrates that, although both methods will individually provide the same answer to the
question, the data generated between the two methods is not comparable. In biomonitoring, it is
often the case that a reference condition is established, and test sites are compared to the reference
area. As both the heated and unheated methods produce distinct ellipses in ordination space, it is
important to recognize that any reference condition established needs to do so with only one of the
two methods and not both. It further follows that all test sites that are to be compared to the
reference population must also follow the same analytical methods. Therefore, standardization of
methods among biomonitoring agencies will be of utmost priority. To accomplish this, I
recommend a standard set of analytical procedures for metabolomic biomonitoring be developed
and published.
I recommend that further studies examining the metabolome for use in naphthenic acid
monitoring take into account the potential for stressor specificity. Although any metabolomic
response in an environmental context provides useful information, stressor specific responses
would provide more detailed and therefore more useful information. Such information would
enable diagnostic causal assessments that could in turn provide clear direction for protection and
remediation. To accomplish this, I recommend that studies examine the impact of naphthenic acids
in multiple stressor situations with stressors that would be concurrently present in environments
where naphthenic acids are of concern.
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I also recommend that further studies examining the metabolome for use in naphthenic acid
monitoring take into account the affinity of naphthenic acid for sediment. As it is known that
naphthenic acid binds sediment (Janfada et al., 2006), it will be important to understand the
mechanics of the limits of sediment binding, and how toxicity is affected once those thresholds are
surpassed. In biomonitoring for naphthenic acids specifically, this could direct concentration
determination efforts to monitor either one or both of the sediment and/or water. Realistically, the
metabolome would provide an indicator of exposure that is integrative of the exposure levels from
both sediment and overlying water. However, it is important that these mechanics be established
prior to determination of approved environmental concentrations.
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